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Microfluidic Single-Cell Analysis of Oxidative Stress in 
Dictyostelium discoideum  
Kathy Rodogiannis,a Jessica T. Duong a and Michelle L. Kovarik*a 
Microfluidic chemical cytometry is a powerful technique for examining chemical contents of individual cells, but applications 
have focused on cells from multicellular organisms, especially mammals. We demonstrate the first use of microfluidic 
chemical cytometry to examine a unicellular organism, the social amoeba Dictyostelium discoideum. We used the reactive 
oxygen species indicator dichlorodihydrofluorescein diacetate to report on oxidative stress and controlled for variations in 
indicator loading and retention using carboxyfluorescein diacetate as an internal standard. After optimizing indicator 
concentration, we investigated the effect of peroxide treatment through single-cell measurements of 353 individual cells. 
The peak area ratio of dichlorofluorescein to carboxyfluorescein increased from 1.69 ± 0.89 for untreated cells to 5.19 ± 2.72 
for cells treated with 40 mM hydrogen peroxide. Interestingly, the variance of the data also increased with oxidative stress. 
While preliminary, these results are consistent with the hypothesis that heterogeneous stress responses in unicellular 
organisms may be adaptive. 
Introduction 
As scientific interest in cellular heterogeneity has grown, so has 
the number of methods available for single-cell analysis. Well-
established single-cell analysis methods include microscopy and 
flow cytometry, and single-cell sequencing of both genomic 
DNA and RNA has recently become more common. Chemical 
cytometry, which involves the separation and detection of cell 
contents after cell lysis, complements these methods. Chemical 
cytometry is based on microelectrophoretic separations, which 
are well-suited to single-cell analysis.1,2 Capillary and microchip 
electrophoresis are compatible with volume-limited samples, 
can be coupled with highly sensitive fluorescence detection, 
and provide accurate, multi-analyte quantitation. Microchip 
electrophoresis has the added advantage of potential 
automation of other analytical steps on a single device.  
 
To date, microfluidic chemical cytometry has been applied 
exclusively to individual cells from multicellular organisms. With 
few exceptions,3–6 these studies have focused on mammalian 
cell types, especially leukemia cell lines,7–15 neuron-like PC-12 
cells,16–19 liver cancer cells (HepG2),20–23 and red blood cells.24–
27 However, this technology could prove uniquely useful for 
studying unicellular organisms. Similar to cells from 
multicellular organisms, these microbes can exhibit varying 
phenotypes, behavior, and fates despite genetic uniformity. 
Cellular heterogeneity may play different biological roles in 
single-cell organisms than it does within the tissues of 
multicellular organisms. The use of single-cell analysis of stress 
response in unicellular organisms is particularly intriguing; 
biological noise in stress response phenotypes has been 
hypothesized to be adaptive by allowing a single population to 
sample a range of responses to an environmental stressor or 
insult.28,29  
 
While cells experience a wide range of stressors, oxidative 
stress is ubiquitous because reactive oxygen species are 
generated as byproducts of aerobic cellular respiration. 
Incomplete reduction of molecular oxygen results in the 
formation of reactive oxygen species (ROS), such as superoxide 
radical anion (O2˙−), hydrogen peroxide (H2O2), hydroxyl radicals 
(OH˙), and ozone (O3).30 To mitigate the harmful effects of ROS, 
aerobic cells have defense mechanisms, including enzymatic 
defenses (e.g., superoxide dismutase and catalase) and small 
molecule antioxidants (e.g., glutathione and ascorbic acid). 
When ROS concentrations overwhelm these defense 
mechanisms in a cell, oxidative stress occurs. Several chemical 
cytometry studies have measured cellular concentrations of 
glutathione, a readily-detected tripeptide that acts as an 
electron donor to maintain redox homeostasis.20,21,24–26,31–33 
Early studies focused primarily on proof-of-principle device 
operation and examined small numbers of cells (~10-80 cells per 
study) that are insufficient for statistical characterization of 
population-level heterogeneity. As single-cell analysis 
technologies have matured, studies have investigated larger 
sample sizes or larger numbers of analytes, including nitric 
oxide and superoxide anion levels in hundreds of single immune 
or PC-12 cells7,34 and 76 different metabolites and lipids in 
oxidatively-stressed hepatocytes.35 As with most chemical 
cytometry experiments, these studies have assayed mammalian 
cells. 
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In this work, we demonstrate the first application of microfluidic 
chemical cytometry to a unicellular organism and investigate a 
biological hypothesis that could not be interrogated by 
ensemble measurements or traditional single-cell analysis 
techniques, such as microscopy or flow cytometry. We have 
developed an assay to investigate the effect of exogenous 
oxidative stress on the heterogeneity of ROS levels in the social 
amoeba Dictyostelium discoideum, a unicellular eukaryote that 
is commonly used as a model to study cell migration, 
differentiation, and chemotaxis.36 Previous research has shown 
that D. discoideum cells use ROS in cell signaling and are 
generally robust to oxidative stress.37–40 In this study, we 
determined the necessary conditions to use fluorogenic dyes 
and microfluidic chemical cytometry to measure variation in 
ROS levels in statistically-relevant numbers of individual D. 
discoideum cells and then compared populations of untreated 
cells and cells treated with hydrogen peroxide. 
Methods 
Cell culture and dye loading 
D. discoideum cells from the KAX-3 cell line (DBS0236487, Dicty 
Stock Center, Northwestern University, Chicago, IL) were 
cultured in HL-5 medium (14 g/L proteose peptone, 7 g/L yeast 
extract, 3.5 mM Na2HPO4 and 11 mM KH2PO4 at pH 6.5).41 The 
cells were grown in suspension at room temperature with 
shaking at 180 rpm. Cell density was measured using a 
hemocytometer and maintained between 5,000 and 5 × 106 
cells/mL.  
 
For dye loading, the diacetate forms of each dye were mixed in 
low-fluorescence axenic medium (5 g/L casein peptone, 11 g/L 
glucose, 0.5 mM NH4Cl, 0.2 mM MgCl2, 10 µM CaCl2, 13 μM 
EDTA, 13 μM ZnSO4·H2O, 18 μM H3BO3, 2.6 μM MnCl2·4H2O, 0.7 
μM CoCl2·6H2O, 0.6 μM CuSO4·5H2O, 81 nM 
(NH4)6Mo7O24·4H2O, and 5 mM dibasic potassium phosphate, 
pH 6.5)42 supplemented with 5 mM probenecid to inhibit export 
of the anionic dyes from the cells.43 When used to grow D. 
discoideum, this medium typically contains 50 µM FeCl3, which 
we omitted to avoid iron-catalyzed decomposition of hydrogen 
peroxide. Cells were incubated with the dyes for 20 min in the 
dark at room temperature and were subsequently washed and 
resuspended in low-fluorescence axenic medium containing 5 
mM probenecid.  
 
Plate reader experiments 
Dye retention curves were constructed to identify a suitable 
internal standard. Cells were incubated with 20 µM 2’,7’-
dichlorodihydrofluorescein diacetate (DCFH2DA), 
carboxyfluorescein diacetate (CFDA), or fluorescein diacetate as 
described above. An equal number of control cells were 
incubated without dye. Cells were loaded into 384-well bottom-
read, tissue-culture treated plates (Corning) at a density of 2 
million cells per well. Fluorescence was measured on a 
SpectraMax M4 plate reader (Microdevices) using the following 
settings: excitation wavelength of 485 nm, emission wavelength 
of 516 nm, emission cutoff of 515 nm, and medium gain. The 
retention of each dye over time was determined by measuring 
fluorescence at 0, 10, 20, 40, 60, and 90 min after loading. 
  
Fluorescence measurements were also made using a plate 
reader to determine the optimum concentration of DCFH2DA 
needed to measure basal levels of oxidative stress and the 
optimum concentration of hydrogen peroxide to induce a 
detectable increase above this basal level. To determine the 
optimum peroxide concentration, cells were loaded with 20 µM 
DCFH2DA and then resuspended in serial dilutions of hydrogen 
peroxide in low-fluorescence axenic medium containing 5 mM 
probenecid for 10 min. To determine the optimum DCFH2DA 
concentration, untreated cells were loaded with 0-500 µM 
DCFH2DA. For both experiments, the resulting 
dichlorofluorescein (DCF) fluorescence was measured using a 
plate reader under the conditions described above. 
 
Microchip fabrication 
The microfluidic device was fabricated using standard 
photolithography and soft lithography procedures.44 SU-8 2015 
photoresist (Microchem) was spun to a thickness of ~20 μm on 
a 4” silicon wafer by spinning at 2000 rpm for 30 s after an initial 
spread cycle. The wafer was then baked at 95 °C on a hot plate 
for 5 min, exposed to ultraviolet light (150 mJ/cm2, OAI model 
200 mask aligner) through a transparency photomask (32,000 
dpi, Fineline Imaging), hard baked for 4 min at 95 °C on a hot 
plate, developed for 2 min in SU-8 developer, and post-
exposure baked for 65 min. For soft lithography, a 10:1 mixture 
of Sylgard 184 PDMS prepolymer and curing agent was mixed 
and degassed under vacuum, poured over the SU-8 master, and 
then cured for 30 min on a hot plate until firm. Access holes 
were made using a 1-mm biopsy punch, and the PDMS was 
irreversibly sealed to a cover glass using plasma oxidation. 
Silicone tubing reservoirs (Masterflex #EW-96440-16) were also 
plasma-sealed to the device. To reduce cell adhesion and 
suppress electroosmotic flow, the channels were coated with a 
supported lipid bilayer of egg phosphatidylcholine. This coating 
formed spontaneously upon filling the channels with small 
unilamellar vesicles that were prepared by sonication, as 
described previously.45 
 
Microchip operation 
For microchip experiments, cells were labeled with 200 µM 
DCFH2DA4 and 200 µM CFDA as described above. After dye 
loading, cells were washed and resuspended in low-
fluorescence medium containing 5 mM probenecid. Treated 
cells were incubated with 8 or 40 mM hydrogen peroxide for 10 
min. (The peroxide stock concentration was estimated by UV 
absorbance.) After washing, cells were resuspended at a density 
of 1 million cells/mL in low-fluorescence axenic medium 
containing 5 mM probenecid and loaded onto the microfluidic 
device. 
The microfluidic device was rinsed with low-fluorescence axenic 
medium containing 5 mM probenecid, and the flow of cells 
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through the device was initiated via hydrostatic flow. The cells 
were lysed in an electric field (300 V/cm) applied via platinum 
wire electrodes and a high voltage sequencer (LabSmith 
HVS448LC 3000D). The negatively charged fluorescent products 
DCF and carboxyfluorescein (CF) were electrophoretically 
separated in the separation channel and detected by laser-
induced fluorescence (LIF) 5 mm below the lysis intersection. 
For LIF detection, a solid state laser (OBIS LS, 488 nm, 2 mW) 
was directed into an inverted microscope (Olympus IX73) 
through a laser filter cube and a 40× objective (0.55 NA) to the 
microscope stage. The fluorescence emission from the dyes was 
detected using a photomultiplier tube (Hamamatsu NO: 
34950002, control voltage = 0.6), and the resulting signal was 
processed using a current-to-voltage converter (Hamamatsu 
C7319) and a tunable active filter (Frequency Devices 
900CT/9L8L) with a corner frequency of 10 Hz. The high voltage 
power supply and data collection were controlled using a 
custom LabVIEW program (National Instruments 2010), and 
data analysis was performed using Cutter 7.46 To account for 
interday and interdevice variation and to ensure reproducibility, 
cells were sampled on at least two different days and devices 
for each treatment group. 
Results and Discussion 
For common ROS, including superoxide, peroxide, and nitric 
oxide, several fluorogenic indicators are available with varying 
degrees of specificity. We chose to use the generally nonspecific 
reporter DCFH2DA as a global indicator of cellular ROS levels. In 
cells, esterases remove the acetate groups, and the precursor is 
oxidized by ROS to produce fluorescent DCF.47 Past work with 
DCFH2DA has used microscopy or flow cytometry to measure 
total cellular fluorescence. However, these traditional single-
cell techniques are unable to differentiate noisiness in ROS from 
noisiness in dye uptake, esterase activity, and retention.47 The 
separation step of chemical cytometry allowed us to use an 
internal standard, allowing the noisiness in ROS levels to be 
differentiated from noise generated by these other processes. 
 
We considered CFDA and fluorescein diacetate as potential 
internal standards. Both molecules are structurally similar to 
DCFH2DA and become fluorescent upon cleavage of their 
acetate groups by intracellular esterases. To determine which 
dye would be the better internal standard, we evaluated the 
loading and retention of each dye in ensemble populations of 
cells via fluorescence measurements using a plate reader 
(Figure 1). The initial fluorescence of cells loaded with 
fluorescein diacetate was much higher than that of cells loaded 
with either DCFH2DA or CFDA. Retention of the fluorescent dyes 
after diacetate cleavage was also more similar for DCF and CF 
compared to fluorescein. Cells loaded with DCFH2DA or CFDA 
had rapid initial declines in fluorescence intensity, which 
plateaued above the background level for controls cells after 
~10 min. In contrast, the fluorescence of cells loaded with 
fluorescein diacetate did not plateau until after ~40 min but 
reached a much lower level that was closer to the baseline 
fluorescence of cells that were not loaded with the indicator. 
Fluorescein is less polar than either CF, which contains an 
additional carboxylic acid group, or DCF, which has polar 
carbon-chlorine bonds. These structural differences may 
account for the different loading and retention behaviors of this 
dye. Based on these results, we selected CFDA as the more 
suitable internal standard for measurements with DCFH2DA.  
 
There are four steps that must occur in order to detect 
fluorescent DCF from a cell: (1) DCFH2DA must be taken up by 
the cells, (2) esterases must cleave the diacetate groups, (3) the 
resulting anion must be retained by the cell, and (4) a two-
electron oxidation must occur to form the fluorescent DCF 
product. In order to detect CF from a cell, the first three steps 
must still occur, but the fourth step (oxidation) is not necessary 
because CFDA becomes fluorescent upon cleavage of the 
diacetate groups alone. Consequently, the use of CFDA as an 
internal standard should account for cell-to-cell variation in (1) 
uptake, (2) esterase activity, and (3) retention, such that 
variation in the DCF/CF ratio reflects variation in the oxidation 
step only. 
 
 
Figure 1. Ensemble fluorescence signal over time of cells loaded with 20 μM  (a) 
fluorescein diacetate, (b) CFDA, or (c) DCFH2DA. Data are normalized to the initial 
fluorescence, and the dashed gray line shows the average fluorescence of control 
cells not exposed to DCFH2DA. In all panels, error bars represent the standard 
deviation of n = 3 biological replicates collected on different days. 
We also used ensemble fluorescence measurements of cell 
populations on a plate reader to determine optimum hydrogen 
peroxide concentrations to induce oxidative stress in D. 
discoideum. D. discoideum is substantially more resistant to 
oxidative stress than mammalian cells,37 and previous studies 
have used peroxide concentrations from 0.25-5 mM for 
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treatment periods of 15 min to 40 h.39,48–50 To examine acute 
stress over the time period of dye retention, we tested 
hydrogen peroxide concentrations from 0-65 mM. Cells were 
loaded with DCFH2DA, resuspended in a peroxide solution for 
10 min, washed and measured. Although the peroxide 
concentrations tested in this study were higher than those used 
in previous works, the duration of the treatment was shorter 
and cells were treated in a relatively rich low-fluorescence 
medium rather than phosphate buffer to minimize osmotic 
stress. Cells were stained with Trypan blue and phloxine B48 and 
were monitored for growth over a 24 h period to confirm that 
the treated cells remained viable. Increasing peroxide 
concentration was correlated with higher levels of cell 
fluorescence and higher variability between biological 
replicates (Figure 2a). This variation further demonstrated the 
need for an internal standard to differentiate interday variation 
in dye loading and retention from variation in ROS levels in cells. 
For single-cell experiments, we chose to use hydrogen peroxide 
concentrations of 8 and 40 mM, which produced average 
fluorescence levels that were 3 and 10 standard deviations 
above the average fluorescence of untreated cells, respectively.  
 
Figure 2. (a) Ensemble fluorescence signal for cells loaded with 20 μM DCFH2DA 
and treated with 0-65 mM hydrogen peroxide. Error bars represent the standard 
deviation for n = 5 biological replicates collected on different days. (b) Ensemble 
fluorescence signal for cells loaded with varying DCFH2DA concentrations. Error 
bars represent the standard deviation for n = 3 biological replicates collected on 
different days. Data were collecting using a plate reader. 
We also optimized the concentration of DCFH2DA used to load 
cells. We tested DCFH2DA loading concentrations from 0-500 
μM and observed that fluorescence initially increased with 
concentration non-linearly (Figure 2b). Because DCFH2 must 
compete with endogenous antioxidants to react with ROS, the 
level of fluorescence is expected to depend not only on ROS 
concentrations but also on the relative concentrations of DCFH2 
and endogenous ROS. These data suggested that at low 
concentrations, DCFH2 levels in the cells were low compared to 
endogenous antioxidant concentrations such that most ROS 
reacted with native antioxidants, resulting in minimal DCF 
fluorescence. As the DCFH2DA loading concentration increased, 
internal DCFH2 concentrations increased, as did fluorescence. 
However, the rate of increase was lower at very high loading 
concentrations. As DCFH2 levels became very high, the 
production of the fluorescent DCF product may have been 
limited by ROS levels. Thus, for subsequent single-cell 
experiments, we loaded cells using 200 μM DCFH2DA to ensure 
that the indicator dye concentrations were sufficient to produce 
signal but did not obscure cell-to-cell differences in endogenous 
antioxidant concentrations. 
 
Figure 3. (a) Schematic of the microfluidic device and (b) electropherograms of 
representative individual cells treated with 0 or 40 mM hydrogen peroxide.  
After establishing appropriate cell treatment conditions, single-
cell measurements by chemical cytometry were conducted 
using a device adapted from a recent publication (Figure 3a).7 
Cells travelled through the device via hydrostatic flow and were 
lysed by a 300 V/cm electric field in the vertical channel. Most 
debris, which had minimal electrophoretic mobility, was carried 
to the waste reservoir by the hydrostatic flow, while the anionic 
dyes were electrophoretically separated and detected by laser-
Journal Name  ARTICLE 
This journal is © The Royal Society of Chemistry 20xx J. Name., 2013, 00, 1-3 | 5  
Please do not adjust margins 
Please do not adjust margins 
induced fluorescence in the vertical channel, located 5 mm 
below the intersection with the waste channel. For each lysed 
cell, peaks were identified based on the relative migration times 
of DCF and CF standards on a simple cross microchip with the 
same lipid coating. As expected, under suppressed 
electroosmotic flow conditions, the two dyes migrated toward 
the anode, and the more negatively charged CF reached the 
detector first (Figure 3b). 
Figure 4. Relationship between dichlorofluorescein (DCF) and carboxyfluorescein 
(CF) signals for cells treated with (a) 0 mM, (b) 8 mM, or (c) 40 mM hydrogen 
peroxide. Each point represents a single cell. 
For each cell, the CF and DCF peak areas were quantified. When 
these two values were used as coordinates for individual cells, 
some correlation was observed (Figure 4). Least squares linear 
fits to the data resulted in R2 values for the 0, 8, and 40 mM data 
sets of 0.59, 0.48, and 0.38, respectively. These results indicated 
that some of the variation in DCF fluorescence between cells 
was correlated with variation in the CF signal, implicating 
external factors, such as cell size, esterase activity, and dye 
uptake and retention, which would affect the internal standard 
in similar ways. We interpreted the variation in DCF peak area 
that was uncorrelated with the CF peak area as resulting from 
differences in oxidation of the DCFH2, possibly owing to 
differences in oxidative stress levels between cells. 
 
In solution, DCFH2DA can undergo auto-oxidation over time,47 
and we considered that cells might accumulate DCF over the 
course of the experiment via auto-oxidation or ongoing 
endogenous ROS production. If this were the case, cells 
analyzed late in an experiment would have higher DCF 
fluorescence than cells analyzed early in an experiment, 
artificially broadening the population distribution. To test for 
time dependence, we plotted the peak area ratios as a function 
of time and calculated Pearson correlation coefficients for DCF 
peak area and peak area ratios as a function of time. No trend 
in peak area ratio as a function of time was observed in the data 
(Figure 5), and correlation coefficients ranged from -0.47-0.13, 
suggesting minimal correlation between the time when 
individual cells were lysed for analysis and their DCF 
fluorescence signal or peak area ratio. 
Figure 5. Peak area ratio versus time for cells treated with (a) 0 mM, (b) 8 mM, or 
(c) 40 mM hydrogen peroxide. Each point represents a single cell.  
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One advantage of single-cell analysis is the opportunity to 
quantify biological noise within a population. Recent work has 
hypothesized that heterogeneity in stress responses may be 
advantageous to single-celled organisms because it allows the 
population to sample a range of responses.28,29 To quantify the 
noisiness of a population, it is necessary to estimate the 
population standard deviation, σ, from the sample standard 
deviation, s, of each group. For small sample sizes (e.g., N < 30), 
s is generally a poor estimator of σ. As sample size increases, 
estimation of σ from s rapidly improves, then plateaus. This 
occurs because the distribution of s values follows a chi square 
distribution, allowing calculation of the sample size required to 
obtain a confidence interval of a desired width.51 At a sample 
size of 100 cells, s should be within ±14% of σ 95% of the time. 
Doubling the sample size to 200 cells only narrows this interval 
slightly; for N = 200, s is within ±10% of σ 95% of the time. Based 
on these diminishing returns, we determined that N = 100 cells 
was a reasonable minimum sample size for each group. 
Figure 6. Histograms of peak area ratios for (a) untreated control cells (N = 125 
individual cells) and cells treated with (b) 8 mM H2O2 (N = 127 individual cells), and 
(c) 40 mM H2O2 (N = 101 individual cells). For each panel, data were pooled from 
experiments conducted over multiple days and devices. 
To extract information concerning the noisiness of ROS levels 
independent of other processes (e.g., dye uptake, retention, 
esterase activity, and cell size), the DCF/CF ratio for each cell 
was used to correct for differences between cells that were 
correlated with CF intensity. Histograms of these ratios were 
generated to visualize the population distributions of each 
treatment group. All distributions were approximately Gaussian 
with slight tailing toward higher area ratios (Figure 6). As 
expected, treatment with hydrogen peroxide increased ROS 
levels in cells, and consequently, the average DCF/CF area ratio 
for a population (Table 1). Mean values were significantly 
different between all three groups for the DCF peak area and 
for the DCF/CF area ratio (p < 0.001 for both tests). 
Table 1. Statistical characteristics of the untreated and treated cell populations. 
 
 Untreated 
8 mM 
H2O2 
40 mM 
H2O2 
 N 125 127 101 
CF Area 
median 0.010 0.013 0.010 
average 0.012 0.021 0.013 
standard deviation 0.012 0.021 0.008 
coefficient of variation 102% 102% 61% 
DCF Area 
median 0.015 0.026 0.041 
average 0.022 0.044 0.058 
standard deviation 0.046 0.046 0.044 
coefficient of variation 208% 104% 75% 
DCF/CF 
Area Ratio 
median 1.56 2.05 4.40 
average 1.69 2.29 5.19 
standard deviation 0.89 1.25 2.72 
coefficient of variation 53% 55% 52% 
 
The variance of the treated populations, σ2, also increased upon 
treatment, as shown by the wider distribution of peroxide-
treated cells relative to untreated cells (Figure 6 and Table 1). 
Using a Brown-Forsythe test, we determined that the variances 
of the DCF/CF ratio distributions were significantly different for 
the three treatment groups (p < 0.001). The treated populations 
exhibited a wider range of ROS levels, suggesting a range of 
capacities of individual cells to resist oxidative stress. Although 
the absolute variation (represented by the standard deviation) 
increased with peroxide treatment, the relative variation 
(represented by the coefficient of variation) remained relatively 
constant (Table 1) and was within the range previously reported 
for similar measurements using a fluorescein-based nitric oxide 
reporter in Jurkat cells.7 Further work is needed to establish 
whether this trend holds true for other sources and levels of 
oxidative stress. 
Conclusions 
We have established an optimized experimental design for 
single-cell measurements of oxidative stress in D. discoideum. 
While still preliminary, these data coincide with the hypothesis 
that heterogeneity in stress responses may be adaptive in 
unicellular organisms, such as D. discoideum. Further studies 
should elucidate the biological underpinnings of this 
heterogeneity by examining the effects of the source and 
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concentration of ROS, as well as the roles of cell cycle, catalase 
expression, and mitochondrial function. These results are also 
the first chemical cytometry data for D. discoideum, an 
important model organism for studies of cell migration, 
chemotaxis, and differentiation.36 The unique social life cycle of 
this organism makes it a particularly interesting model for 
single-cell studies, and the ability to adapt a microfluidic 
chemical cytometry device developed for human cells to an 
evolutionarily distant eukaryote underscores the broad 
applicability of this technology.7 
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